Key mitochondrial functions such as ATP production, Ca 2+ uptake and release, and substrate accumulation depend on the proton electrochemical gradient (ΔμH + ) across the inner membrane. Although several drugs can modulate ΔμH + , their effects are hardly reversible, and lack cellular specificity and spatial resolution. Although channelrhodopsins are widely used to modulate the plasma membrane potential of excitable cells, mitochondria have thus far eluded optogenetic control. Here we describe a toolkit of optometabolic constructs based on selective targeting of channelrhodopsins with distinct functional properties to the inner mitochondrial membrane of intact cells. We show that our strategy enables a light-dependent control of the mitochondrial membrane potential (Δψ m ) and coupled mitochondrial functions such as ATP synthesis by oxidative phosphorylation, Ca 2+ dynamics, and respiratory metabolism. By directly modulating Δψ m , the mitochondriatargeted opsins were used to control complex physiological processes such as spontaneous beats in cardiac myocytes and glucose-dependent ATP increase in pancreatic β-cells. Furthermore, our optometabolic tools allow modulation of mitochondrial functions in single cells and defined cell regions. mitochondria | optogenetic | mitochondrial membrane potential | Ca 2+ signaling M itochondria play a critical role in all nucleated eukaryotic cells by producing ATP, actively participating in intracellular Ca 2+ signaling, and modulating cell viability (1-3). All these functions are driven by the H + electrochemical gradient (ΔμH + ) across the inner mitochondrial membrane (IMM), which is generated by the extrusion of protons from the mitochondrial matrix through respiratory chain complexes (4).
Key mitochondrial functions such as ATP production, Ca 2+ uptake and release, and substrate accumulation depend on the proton electrochemical gradient (ΔμH + ) across the inner membrane. Although several drugs can modulate ΔμH + , their effects are hardly reversible, and lack cellular specificity and spatial resolution. Although channelrhodopsins are widely used to modulate the plasma membrane potential of excitable cells, mitochondria have thus far eluded optogenetic control. Here we describe a toolkit of optometabolic constructs based on selective targeting of channelrhodopsins with distinct functional properties to the inner mitochondrial membrane of intact cells. We show that our strategy enables a light-dependent control of the mitochondrial membrane potential (Δψ m ) and coupled mitochondrial functions such as ATP synthesis by oxidative phosphorylation, Ca 2+ dynamics, and respiratory metabolism. By directly modulating Δψ m , the mitochondriatargeted opsins were used to control complex physiological processes such as spontaneous beats in cardiac myocytes and glucose-dependent ATP increase in pancreatic β-cells. Furthermore, our optometabolic tools allow modulation of mitochondrial functions in single cells and defined cell regions. mitochondria | optogenetic | mitochondrial membrane potential | Ca 2+ signaling M itochondria play a critical role in all nucleated eukaryotic cells by producing ATP, actively participating in intracellular Ca 2+ signaling, and modulating cell viability (1) (2) (3) . All these functions are driven by the H + electrochemical gradient (ΔμH + ) across the inner mitochondrial membrane (IMM), which is generated by the extrusion of protons from the mitochondrial matrix through respiratory chain complexes (4) .
Currently, tools for modulating mitochondrial metabolism and functions in whole cells and tissues are limited to metabolic poisons and protonophores, which in general act slowly and often irreversibly. In addition, they are devoid of cellular specificity (5) (6) (7) (8) (9) (10) and cannot be used for fine-tuning of mitochondrial membrane potential within a single cell.
Heterologous expression of light-gated, cation-selective microbial ion channels (channelrhodopsins) on the plasma membrane (PM) of mammalian cells is widely used as a reversible optogenetic strategy to control membrane potential with high spatiotemporal precision (11, 12) . Because metabolic activity and signaling by mitochondria are powered by the potential across their IMM, optogenetic channels may provide selective tools for interrogating diverse mitochondrial functions. However, rerouting these channels to the mitochondria can be challenging. Moreover, the functional incorporation of channelrhodopsins into the IMM and their biophysical properties may be altered by the unique phospholipid composition and by the large (∼−180 mV) electrical potential across this membrane. Seeking a strategy to control mitochondrial functions, we sought to determine whether channelrhodopsins can be targeted to the IMM and thereby provide a light-dependent control of mitochondrial membrane potential and coupled physiological functions.
Results
Targeting of Channelrhodopsins to the IMM. First, we tested the mitochondrial localization of YFP-tagged channelrhodopsin 2 (ChR2-YFP) (13) containing, at the N terminus, four repeats of the mitochondria-targeting sequence of subunit VIII of human cytochrome c oxidase (Cox-8) (4mt; Fig. 1A ). Although this sequence was successfully used to target several proteins to mitochondria (14, 15) , when applied to ChR2 the chimeric constructs failed to reach the mitochondria and were predominantly localized to the PM of HEK293T cells (Fig. 1A, Left) . However, we found that a ChR2 sequence that is devoid of the first 24 residues and fused at the N terminus to a tandem of four repeats of the Cox-8 mitochondria-targeting peptide (4mt) efficiently localized to mitochondria in both HEK293T cells (Fig. 1A , Middle) and human melanoma GA cells (Fig. 1A, Right) . This modified ChR2 (hereafter called mitoChR2) exclusively labeled rod-type discrete intracellular structures and colocalized with a mitochondriatargeted red fluorescent protein from Discosoma (Mito-mCherry; Fig. 1A ). We found that also other ChR2 variants, including the Significance Mitochondrial functions depend on the steep H + electrochemical gradient (ΔμH + ) across their inner membrane. The available tools for controlling this gradient are essentially limited to inhibitors of the respiratory chain or of the H + ATPase or to uncouplers, poisons plagued by important side effects and that lack both cell and spatial specificity. We show here that, by transfecting cells with the cDNA encoding channelrhodopsins specifically targeted to the inner mitochondrial membrane, we can obtain an accurate and spatially confined, light-dependent control of mitochondrial membrane potential and, as a consequence, of a series of mitochondrial activities ranging from electron transport to ATP synthesis and Ca 2+ signaling.
slowly inactivating ChR2 [C128A/H134R, termed mitoChR2 (C128) (16) S1B ] were similarly targeted to the mitochondria in various cell types when engineered in the same way, as described in Fig. 1A . Cell viability was not affected by the expression of mitoChR2(SSFO)-expressing HEK293T cells (Fig. S1C) . Similar to other cell types, colocalization was observed in neurons cotransfected with an mCherry-tagged form of mitoChR2(SSFO) and with a YFP targeted to the mitochondria (Mito-YFP) (Fig. 1B) .
To determine whether residual mitoChR2(SSFO) channels were still present at the PM, we performed whole-cell current-clamp recordings in neurons (Fig. 1C) . Illumination with blue light elicited membrane depolarization in neurons expressing the PM-targeted ChR2(SSFO). In contrast, neurons transfected with mitoChR2(SSFO) did not show any significant change in membrane voltage upon illumination (Fig. 1C , Left) as compared with control cells (Fig. S1D) , similar to what was observed previously (16, 17) in nontransfected neurons subjected to blue light illumination. Delivery of hyperpolarizing and depolarizing current pulses to the mitoChR2(SSFO)-expressing cells via the whole-cell patch pipette indicated that their firing pattern and passive cell characteristics are unchanged compared with control cells (16, 17) (Fig. 1C, Right) .
To confirm the mitochondrial localization of mitoChR2(SSFO)-YFP and determine whether it reaches the IMM maintaining its correct topology, we performed fluorescence quenching experiments in digitonin-permeabilized HeLa cells before and after treatment with proteinase K and/or trypan blue. This protocol, previously developed to localize Ca 2+ -sensitive GFP-based indicators targeted to different mitochondrial compartments (18) , is based on the use, in digitonin-permeabilized cells, of the enzyme proteinase K (which can cleave GFP when it is exposed to the cytosolic surface of mitochondria) and the dye trypan blue, which quenches the GFP fluorescent signal if the protein is exposed to the cytosol or is located in the intermembrane space but not when localized in the matrix. Proteinase K had no effect on cells expressing either mitoChR2(SSFO)-YFP or the mitochondrial matrix marker 4mtD3cpv (14) , but triggered a drop in the fluorescence of the outer mitochondrial membrane (OMM) marker N33D3cpv (18) (Fig. 2A) . Trypan blue had no effect on mitoChR2(SSFO)-YFP, as expected, whereas it has been shown to quench the fluorescence of N33D3cpv, a GFP-based probe localized on the cytosolic surface of the OMM (18) . Perfusion of digitonin-treated cells with alamethicin, which permeabilizes both the OMM and the IMM to high molecular weight solutes (19, 20) , resulted in a complete loss of 4mtD3cpv-associated fluorescence (Fig. 2B ) without affecting mitoChR2(SSFO)-YFP fluorescent signal. However, the YFP signal was quenched by perfusing trypan blue after alamethicin treatment, indicating the presence of the YFP-tagged C terminus of mitoChR2(SSFO) within the mitochondrial matrix ( Fig. 2C ; see also SI Materials and Methods). Altogether, our data confirm the localization of mitoChR2(SSFO)-YFP to the IMM and its topology as an integral membrane protein with the C terminus facing the matrix side.
Light-Dependent Control of Mitochondrial Membrane Potential.
Next, we asked whether the mitochondrial membrane potential (Δψ m ) in mitoChR2-expressing cells could be controlled by light. We predicted that a prolonged opening and high conductance of heterologously expressed mitoChR2 would be required to counteract the large mitochondrial membrane potential that is maintained by the pumping of H + through the electron transport chain. We therefore initially used two different step-function channelrhodopsins, mitoChR2(SSFO) (17) and mitoChR2(C128) (16) , in HEK293T cells. As controls, we used cells transfected with empty vector or with a mitochondria-targeted nonfunctional variant of the channel, truncated of transmembrane domains 6 and 7, which is essential for the retinal-binding region, termed mitoChR2(Tr) (21) . As an additional control, we used a The difference in membrane potential between neurons transfected with ChR2(SSFO) and mitoChR2(SSFO), −61 and −68 mV, respectively, is within the variability observed in different control neurons. As indicated, a short blue light pulse was applied for excitation (470 nm, 10 ms) and an orange light pulse (590 nm, 10 s) was applied for deactivation of the microbial rhodopsins. (C, Middle) Average voltage changes due to rhodopsin activation (blue bars) and inactivation (orange bars), calculated between times indicated by black, blue, and orange dashed boxes (Left) (n = 8). (C, Right) In mitoChR2(SSFO)-expressing neurons, current pulses delivered via the somatic patch pipette elicited either hyperpolarization or repetitive firing, indicating that the passive and active neuronal properties are intact. Data are presented as mean ± SEM. **P < 0.01, ***P < 0.001; NS, not significant. mitochondria-targeted I197S point mutant with lower ion conductance [mitoChR2(I197) (22) ]. We show that blue light pulses (2 mW/mm 2 ) of various duration elicited a time-dependent decrease in Δψ m in both mitoChR2(SSFO)-and mitoChR2(C128)-expressing cells, as measured by tetramethylrhodamine methyl ester (TMRM) (23) (Fig. 3 A and B and Fig. S2 ). Notably, sequential photoactivation stimuli induced a depolarization of up to ∼80% of the fluorescence drop caused by the mitochondrial uncoupler FCCP. Consistent with its lower activity, a much smaller change in Δψ m was monitored in cells expressing the partially inactive mitoChR2(I197). No light-dependent depolarization was observed in cells expressing the nonfunctional mitoChR2(Tr) or in cells transfected with an empty vector, indicating that the conductance of light-activated mitoChR2 channels is able to elicit changes in Δψ m . To test whether a single light pulse of 10 s or multiple light pulses can exert a different effect on mitochondrial Δψ, HeLa cells expressing mitoChR2(SSFO)-YFP or mitoChR2(Tr)-YFP, as control, were photoactivated with a single pulse of blue light for 10 s or in a cumulative way with multiple pulses (1, 3, and 6 s). No significant difference was found in the extent of depolarization with the two different photoactivation protocols (Fig. S3) .
ChR2 channels are known to be highly permeable to H + , but they are also able to conduct other cations, such as Na + , K + , and Ca 2+ (13) . To investigate mitoChR2(SSFO) cation permeability in situ, digitonin-permeabilized cells expressing mitoChR2(SSFO) were incubated with intracellular sucrose-based medium devoid of Ca 2+ , Na + , and K + ions (24) (Fig. S4 and Materials and Methods). The depolarization observed under these conditions was similar to that obtained in intact cells containing physiological K + and Na + concentrations, suggesting that mitoChR2(SSFO)-dependent modulation of the mitochondrial membrane potential can be elicited by H + ions. We next sought to determine the effect of varying irradiance intensity and duration on the extent of mitochondrial depolarization. To trigger mitoChR2(SSFO) opening, a single cell in the field of view was illuminated with blue light pulses of the indicated duration and irradiance using a laser-based module designed for FRAP (see Materials and Methods for details) and immediately imaged to record TMRM signal ( Fig. 3 C and D) . Altogether, the data indicated that the mitochondria-targeted ChR2 variants induce light-dependent mitochondrial depolarization of a magnitude consistent with their conductance and gating properties (17) .
Next, we examined whether, similar to bistable PM-targeted channelrhodopsins, the activation of mitochondrial light-gated channels could be switched off by orange light at 595 nm (17) . Illumination of HEK293T cells expressing mitoChR2(SSFO) by orange light (10 s, 12 mW/mm 2 ) did not elicit by itself any change in Δψ m (Fig. 4A ). In contrast, following opening of the channel with blue light (7 s, 2 mW/mm 2 ), the rate of mitochondrial depolarization was reduced approximately threefold when an orange light pulse (20 s) was used compared with the rate of depolarization with blue light alone (Fig. 4A) . Moreover, orange lightdependent repolarization, albeit at a slower rate, was monitored when longer (30 s) orange light pulses were delivered following blue light-dependent depolarization (Fig. 4B) , consistent with previous studies documenting the higher energy required for closing ChR2(SSFO) (16, 17) . The incomplete recovery of Δψ m was not due to changes in the permeability of the mitochondrial inner membrane, namely the opening of the permeability transition pore (PTP) (25), because we did not observe any difference in Δψ m upon blue light illumination in the presence or absence of the PTP inhibitor cyclosporine A in HeLa cells (Fig. S5) .
Because a mild deactivation of PM-targeted SSFO can be triggered by green light (17), we reasoned that the depolarization elicited by mitoChR2(SSFO) conductance could be mitigated by partial inactivation of the channel by the light beam used to continuously monitor Δψ m (TMRM excitation, 0.2 mW/mm 2 ). Indeed, blue light (10 s) pulses followed by a 60-s dark interval triggered an approximately twofold faster Δψ m change compared with cells that were continuously excited for TMRM fluorescence (Fig. S6) .
We then tested whether a fast and full recovery could be obtained with the original ChR2 variant (mitoChR2) that deactivates rapidly and spontaneously after blue light cessation (11) . Consistent with its faster closure kinetics, excitation of HEK293T cells expressing mitoChR2 with blue light triggered a smaller (∼8% F/F max ) mitochondrial depolarization ( Fig. 4C and Fig. S7 ). Notably, the mitochondrial membrane potential fully recovered when blue light was terminated.
Taken together, our experimental evidence indicates that (i ) distinct mitoChR2 variants can induce a light-dependent depolarization of mitochondrial Δψ m , which is partially or fully reversible in cells expressing mitoChR2(SSFO) or mitoChR2, respectively; and (ii) the extent of mitochondrial depolarization can be tuned by modulating irradiance and duration of the light pulse.
Light-Dependent Control of Mitochondrial Ca
2+ Signaling and Metabolic
Activity. Next, we asked whether mitochondrial Ca 2+ uptake, a key mitochondrial function dependent on Δψ m , can also be modulated by mitoChR2. In this set of experiments, we used HeLa cells because of their robust mitochondrial Ca 2+ transients (26) . To address this issue, mitoChR2(SSFO) was used, as it triggers a strong mitochondrial depolarization and remains open after a single pulse of blue light. First, we monitored changes in mitochondrial Ca 2+ uptake in HeLa cells coexpressing a matrix-targeted FRET-based Ca 2+ sensor, 4mtD3cpv, and either mitoChR2(SSFO) or mitoChR2(Tr), upon 10 s of blue light illumination followed by histamine stimulation. Consistent with previous studies (27) (28) (29) (30) , histamine triggered a robust mitochondrial Ca 2+ response in controls and mitoChR2(Tr)-expressing cells. In contrast, mitochondrial Ca 2+ uptake was dramatically reduced in blue light-preilluminated cells expressing mitoChR2(SSFO), similar to control cells treated with the uncoupler FCCP (Fig. 5A ). Similar results were obtained when mitochondrial Ca 2+ uptake was monitored with the chemiluminescent sensor mt-aequorin (26) (Fig. S8 and SI Materials and Methods). Remarkably, partial mitochondrial depolarization by mitoChR2(SSFO) was sufficient to suppress mitochondrial Ca 2+ entry via the mitochondria Ca 2+ uniporter (MCU) almost completely, presumably due to the strong inward rectification of this channel (31).
Mitochondrial uncoupling is predicted to affect O 2 consumption. It is noteworthy that the rate of basal O 2 consumption was increased by blue light illumination of mitoChR2(SSFO)-YFPexpressing HeLa cells but not of control cells or cells expressing mitoChR2(Tr) (Fig. 5B) . Furthermore, an increase in oligomycininsensitive O 2 consumption, a classical effect of uncoupling, was observed in cells expressing mitoChR2(SSFO)-YFP illuminated with blue light, whereas no effect was observed in cells expressing mitoChR2(Tr) (Fig. S9 ).
Light-Dependent Control of Mitochondria-Associated Physiological
Processes. We then determined the potential of the optometabolic constructs for interrogating complex physiological processes (Fig. 6 ). We tested whether spontaneous beating of neonatal rat cardiomyocytes expressing mitoChR2(SSFO)-YFP, but not of cells expressing the nonfunctional mitoChR2(Tr)-YFP, could be suppressed by blue light illumination ( Fig. 6A and Movies S1, S2, and S3). Irradiance of the beating cardiomyocytes for 10 s was followed by a strong inhibition of spontaneous beating of cardiomyocytes expressing mitoChR2 (SSFO)-YFP but not mitoChR2(Tr)-YFP. A similar block of In pancreatic β-cells, a shift from low to high glucose triggers mitochondrial hyperpolarization, leading to a burst of ATP production (32) . It is thus predicted that mitoChR2(SSFO) activation should prevent the high glucose-dependent increase in ATP production. Min-6 β-cells ( To determine whether the optometabolic strategy can be applied to a spatially restricted subpopulation of mitochondria within the same cell, we established a paradigm of spatially confined stimulation using a laser-based module designed for FRAP to selectively activate mitoChR2(SSFO) in predefined cell regions. TMRM fluorescence was measured inside and outside the photoactivated region of single HeLa cells expressing mitoChR2(SSFO).
In cells expressing mitoChR2(SSFO), stimulation by blue light elicited a time-and irradiance-dependent change in mitochondrial membrane potential in the illuminated region (Fig. 7A) . A very small, nonsignificant depolarization was observed in the nonilluminated regions. We next used a similar experimental paradigm, as described in Fig. 7A , to study mitochondrial Ca 2+ signaling cross-talk upon depolarization of a confined cell region (Fig. 7B) . Because 4mtD3cpv is sensitive to bleaching by the high-power and highly focalized 470-nm laser, we used a redshifted Ca 2+ sensor [mito-LAR-GECO 1.2 (34)] for this set of experiments. Stimulation by blue light reduced, as expected, histamine-evoked mitochondrial Ca 2+ response in the illuminated region. In contrast, it had little effect on the mitochondrial Ca 2+ response in nonilluminated regions. The highly confined effect of mitoChR2(SSFO) suggests that the HeLa cells used in this study have mitochondria with relatively slow and rare fusion/ fission events (35) . To confirm this hypothesis, FRAP experiments in HeLa cells expressing a mitochondria-targeted YFP (Fig. S10) were carried out. The region of the cells not illuminated during the bleaching period showed a negligible decrease in fluorescence immediately after the FRAP protocol that remained practically unaffected for an additional 5 min. In contrast, the bleached region showed a small recovery of fluorescence (about 10%) after the FRAP protocol. Such low fluorescence changes are compatible with a mitochondrial network with a limited intranetwork diffusion of the fluorescent protein and/or fusion events (35) within the time frame of the experiment.
Discussion
Currently, several strategies are available to monitor mitochondrial metabolic and signaling activity, but comparable tools to control mitochondrial function are still lacking. Our study describes an optometabolic strategy that allows highly specific, light-dependent regulation of Δψ m across the IMM and therefore of its numerously coupled physiological functions. It is remarkable that targeting of channelrhodopsin to the IMM requires not only the inclusion of tandem repeats of mitochondrial signaling peptides but also truncation of 24 residues at the N terminus of the channel. Although the reason for the latter requirement is not entirely clear, it is worth noting that this region is engineered to enhance PM retention of channelrhodopsin and therefore needs to be trimmed to allow effective mitochondrial targeting. We show that several channelrhodopsin variants can be targeted to the IMM by the simultaneous inclusion of tandem repeats of mitochondrial signaling peptides and deletion of a PM retention N-terminally located sequence. The mitochondriaspecific localization of mitoChR2 is further substantiated by the lack of any residual light-dependent firing in neurons.
We show that changes in mitochondrial membrane potential can be induced with high spatiotemporal precision in cells expressing mitoChR2 variants. Moreover, mitochondrial channelrhodopsins with various kinetic properties can potentially be used to interrogate the effects of both physiological and pathological changes of Δψ m evoked by triggering relatively small and reversible changes (using mitoChR2) or inducing strong drops in mitochondrial membrane potential [using mitoChR2(SSFO)].
The observed light-dependent mitochondrial depolarization seemed slower than the light-dependent change in membrane potential triggered by PM-located ChRs in neurons. The mechanistic basis for this difference at present is not fully resolved. Notably, in neurons, whole-cell current via PM ChRs produces a relatively small depolarization, which is just sufficient to reach the activation threshold of voltage-gated Na + channels. In contrast, to depolarize the mitochondria, the current via mitoChRs has to counteract the massive and continuous current generated by the electron transport chain, and the resulting changes in mitochondrial membrane potential could be an order of magnitude greater than those typically elicited in neurons. Also, kinetic properties of ChRs could be affected by distinct lipid composition and the steep electrical potential across the inner mitochondrial membrane.
It is noteworthy that two major properties of ChRs are retained when targeted to the IMM: (i) the ability to tune the amplitude of depolarization by varying the intensity and duration of the light pulses; and (ii) in cells expressing mitoChR(SSFO), the ability to induce prolonged but switchable depolarization with a single pulse of blue light. The latter aspect is important in linking optometabolic stimuli to metabolic analysis without continuous illumination that may interfere with the assay or trigger photodynamic damage.
A potential technical hurdle encountered when monitoring the effect of mitoChR2 photoactivation on Δψ m is that the dye commonly used to monitor Δψ m , TMRM, is excited at a wavelength that causes a partial inactivation of ChR2(SSFO). The use of other dyes for monitoring Δψ m , such as JC1 or Rhod1,2,3, is hampered because their excitation profile overlaps with ChRs' photoactivation spectra. We found, however, that this hurdle can be overcome by (i) reducing to a minimum the intensity of the TMRM excitation and the frequency of optical data acquisition; (ii) adding a dark gap between mitoChR2(SSFO) activation and Δψ m monitoring; and (iii) linking stimulation of the optometabolic construct to nonoptic analysis of metabolism, such as O 2 consumption. Our results also suggest that mitoChR2 can modulate mitochondrial membrane potential in the absence of Na + and K + ions, but further studies across a wide pH range will be needed to address the role of H + permeation in this process. A unique aspect of the mitochondrial network is that it is formed by high-resistance elements required to maintain the steep, ∼−200-mV membrane potential across the IMM, but at the same time these elements can be interconnected by fission and fusion events that generate a dynamic mitochondrial network (36, 37) . To depolarize a subset of mitochondria within the same cell, use of photoactivated uncouplers has been proposed (38) . However, after uncaging, these uncouplers may rapidly diffuse within the cell, reaching other mitochondrial regions or even neighboring cells (5) . Our FRAP analysis in HeLa cells indicates that, in these cells, the mitochondrial network undergoes relatively slow and rare fusion events. These cells, accordingly, appear nicely suited to test whether mitoChR2(SSFO)-mediated depolarization can be restricted to a small subset of mitochondria. Our results indicate that, by using the optometabolic tool, we cannot only control mitochondrial membrane potential but also monitor whether and how this change is communicated to other cell regions. In particular, we found that the Δψ m changes and Ca 2+ uptake efficacy can be restricted almost exclusively to the mitochondrial regions where mitoChR2(SSFO) is activated, confirming the high-resistance coupling of the parts of the mitochondrial network in this cell model.
The results of this study also indicate that the optometabolic approach can be used to study complex physiological processes at the cellular level. Optogenetic control has been recently used to control cardiac pacing (39) . It is unclear, however, whether tuning of the metabolic state of cardiomyocytes can be used to regulate their spontaneous beating activity. We show here that optometabolic stimulation, inducing mitochondrial depolarization, can suppress the spontaneous beating of neonatal cardiomyocytes. Future studies will determine whether this strategy can be implemented in vivo.
Altogether, the optometabolic strategy described here will allow interrogating the cellular physiological role of mitochondria in cells, tissues, and organs independent of the use of drugs such as uncouplers or inhibitors of the respiratory chain that are plagued by numerous side effects, lack cell-type specificity, and generally difficult to load in tissues/animals. By the use of cellspecific promoters, the optometabolic modulation of Δψ m could provide selective control of mitochondrial functions in distinct cell types within a mixed population. Finally, the precise spatial control of light illumination demonstrated here in single cells will facilitate intracellular interrogation of distinct subpopulations within the mitochondrial network with high spatiotemporal resolution.
Materials and Methods
Generation and Photostimulation of ChR2 Constructs. ChR2-YFP fragments (SSFO, C128) were cloned from viral constructs into pcDNA3.1 vector. I197 variant was obtained by site-directed mutagenesis. Truncated variant was obtained by introducing a premature stop codon. The mitochondria-targeted ChR2-YFP plasmids were constructed by in-frame fusing of the mitochondriatargeting sequence of 4mt to the N terminus of ChR2-YFP via a HindIII site. For mitoChR2 constructs, the initial 72 bp of ChR2-coding region were deleted by introducing a BamHI site and subsequent deletion. For some applications, constructs lacking a fluorescent tag were used.
Animals. All procedures were conducted in accordance with the Italian and European Communities Council Directive on Animal Care and were approved by the Italian Ministry of Health or by the Weizmann Institute Animal Care and Use Committee (IACUC).
Cell Culture, Transfection, and Viability Determination. HEK293T (human embryonic kidney cell line), HeLa, and human melanoma GA-PLXR cells were cultured in DMEM (high-glucose) supplemented with 10% FCS and 50 mg/mL penicillin and streptomycin. Plasmid transfection was performed using the CaPO 4 precipitation protocol in cultures of 30 to 50% confluence for HEK293T cells. GA-PLXR cells were transfected with Arrest-In transfection reagent (Thermo Scientific) according to the manufacturer's instructions. For HeLa cells, transfection was performed at 60% confluence using TransIT-LT1 transfection reagent (Mirus Bio) with 1 μg of DNA. Cotransfection with cDNA of mitoChR2(SSFO)/empty vector/mitoChR2(Tr) and Ca 2+ probes (aequorin or cameleon) was performed at a molar ratio of 5:1 to maximize the cotransfection efficiency. All experiments were performed 48 to 72 h after transfection. All-trans retinal (ATR; 2 μg/mL final concentration) was added to the culture medium 2 to 12 h before experiments. The viability of cells expressing the mitoChR2(SSFO) or mitoChR2(Tr) constructs following illumination was determined at the indicated times by propidium iodide (PI) stain following cell counting as previously described (40) .
Hippocampal Neuron Culture and Electrophysiology. Hippocampi were isolated from postnatal day 0 Sprague-Dawley rats and treated with papain (20 U mL −1 ) for 45 min at 37°C. The digestion was stopped with 10 mL MEM/ Earle's salts without L-glutamine along with 20 mM glucose, serum extender (1:1,000), and 10% heat-inactivated FBS containing 25 mg of BSA and 25 mg of trypsin inhibitor. The tissue was triturated in a small volume of this solution with a fire-polished Pasteur pipette, and ∼100,000 cells in 1 mL were plated per coverslip on 24-well plates. Glass coverslips were coated overnight at 37°C with 1:50 Matrigel (Collaborative Biomedical Products). Cells were plated in culture medium (Neurobasal containing 2× B-27 and 2 mM GlutaMAX-I; Life Technologies). We replaced half of the medium with culture medium the next day, giving a final serum concentration of 1.75%. Electrical recordings were performed as previously described (17) . Images were acquired on an Olympus confocal microscope using an oilimmersion objective. Cells expressing mitoChR2-Cherry constructs and Mito-YFP were live-imaged using YFP/Cherry standard microscope settings in Ringer's solution.
Topology Experiments. HeLa cells expressing mitoChR2(SSFO)-YFP, 4mtD3cpv, or N33D3cpv were analyzed using a DM6000 inverted microscope (Leica) with a 40× oil objective (HCX Plan Apo, N.A. 1.25) as described previously (18) . Excitation light produced by a 460-nm LED (LZ1-10DB05; LED Engin) was filtered at 470 nm through an excitation filter (ET470/24), and the emitted light was collected through a 515-nm long-pass filter and a dichroic mirror (510 DCXR).
Cells were mounted in an open-topped chamber thermostatted at 37°C and maintained in an extracellular (EC) Ca 2+ -free medium containing 135 mM NaCl, 5 mM KCl, 1 mM MgCl 2 , 0.4 mM KH 2 PO 4 , 10 mM glucose, and 20 mM Hepes (pH 7.4) at 37°C. To cut YFP facing the extracellular space, cells were perfused with EC Ca 2+ -free medium in the presence of proteinase K (20 μg/μL). Plasma membrane permeabilization was performed with 100 μM digitonin in an intracellular-like medium (IC) containing 10 mM NaCl, 130 mM KCl, 1 mM MgCl 2 , 1 mM KH 2 PO 4 , 2 mM succinic acid, and 20 mM Hepes (pH 7.4) at 37°C. Afterward, to cut YFP facing the cytosol, cells were perfused with IC Ca
2+
-free medium supplemented with proteinase K (20 μg/μL) and, finally, to quench any YFP facing the intermembrane space, HeLa cells were perfused with IC medium supplemented with trypan blue (0.5 mg/mL). For alamethicin experiments, plasma membranes of HeLa cells were prepermeabilized with digitonin (as described above). Alamethicin (20 μg/mL) was added in IC medium to permeabilize the IMM.
Off-line analysis of topology experiments was performed with ImageJ (Wayne Rasband, NIH, Bethesda). The YFP fluorescence intensity (with background signal subtracted) was analyzed after selecting proper regions of interest (ROIs) on each cell; the intensity was expressed as % of the initial YFP fluorescence. These experiments were carried out without addition of ATR, because its spectrum partially overlaps that of YFP.
Mitochondrial Membrane Potential Measurements: TMRM Assay. Mitochondrial membrane potential was determined by TMRM fluorescence in HEK293T and HeLa cells.
HEK293T cells were loaded for 30 min, at room temperature, with 50 nM TMRM in Ringer's solution containing 120 mM NaCl, 5.4 mM KCl, 0.8 mM MgCl 2 , 20 mM Hepes, 15 mM glucose, and 1.8 mM CaCl 2 (pH 7.4 with NaOH). TMRM fluorescence was viewed in a BX51WI microscope (Olympus) equipped with a 60× water-immersion lens (Olympus). For TMRM excitation, a high-intensity green light LED (535 ± 5 nm; Prizmatix; 1 mW/mm 2 ) was used, and emission was collected through a U-MNG2 Olympus filter (530-to 550-nm excitation filter, 570-nm dichroic mirror, 590-nm long-pass emission filter) and acquired by using a back-illuminated 80 × 80 pixel cooled camera (NeuroCCD-SMQ; RedShirt Imaging). Images were acquired every 2.5 to 3.5 s (50-ms exposure). For blue light exposure, a high-intensity 495 ± 5-nm LED was used (Prizmatix). The image data were exported for analysis in Igor Pro software (WaveMetrics).
HeLa cells were loaded for 15 to 30 min, at 37°C, with 20 nM TMRM in MEM without phenol red (Life Technologies). TMRM fluorescence was viewed using a DM6000 inverted microscope (Leica) with a 40× oil objective (HCX Plan Apo, N.A. 1.25). Excitation light produced by a 590-nm LED (Thorlabs; irradiance 0.2 mW/mm 2 ) was filtered at 540 nm through an excitation filter (ET590/20×), and the emitted light was collected through a TRITC filter (excitation BP 515 to 560 nm, dichroic 580, emission 590LP). Cells were preilluminated to trigger mitoChR2(SSFO) opening by using a 460-nm LED (LZ1-10DB05; LED Engin) for 10 s and then immediately imaged to record the TMRM signal.
To check the effect of green light on the kinetics of TMRM signal decrease, cells were first illuminated with blue light, kept in darkness for 1 min, and followed again by TMRM excitation. To test for PTP opening, TMRM fluorescence was assessed in cells expressing mitoChR2(SSFO)-YFP in the presence of the PTP inhibitor CsA (1 μM).
TMRM and Ca
2+ Imaging for Subcellular Photoactivation: FRAP Module. TMRM assay. HeLa cell transfection was performed with 1 μg of DNA. Cotransfection with cDNA of mitoChR2(SSFO)/mitoChR2(Tr) and a nuclear RFP (H2B_RFP) was performed in a molar ratio of 5:1 to maximize the cotransfection efficiency. All experiments were performed 48 to 72 h after transfection. HeLa cells were loaded with 20 nM TMRM for 15 to 30 min at room temperature (RT) in extracellular saline. TMRM fluorescence was viewed using a spinning disk upright microscope (Crisel Instruments) in widefield acquisition mode with a 40× water objective (Olympus; N.A. 0.8). Excitation light was produced by a 550 ± 15-nm LED (Lumencor; irradiance 0.4 mW/mm 2 ) and filtered through a quad band dichroic and emission filter (Dapi/Fitch/CY3/CY5). To trigger mitoChR2(SSFO) opening, software generated for FRAP experiments was used to select specific ROIs of the cells. The photoactivation was performed using a 470-nm laser generating a spot pattern illumination. Given the scanning mode of the FRAP module, only the mitoChR(SSFO) variant can be used, being a ChR2 variant able to remain open for several minutes upon a single pulse of blue light. Selected ROIs were illuminated with pulses of different duration and irradiance (as indicated in the legends of Figs. 3C and 7) and then immediately imaged to record the TMRM signal. Acquisition time for TMRM signal was 1 frame per min to reduce the interference of green light with the opening kinetics of SSFO. Ca 2+ imaging. HeLa cells were cotransfected with cDNA of mitoChR2(SSFO)-YFP/mitoChR2(Tr)-YFP and mito_LAR-GECO1.2 at a molar ratio of 5:1. All experiments were performed 48 to 72 h after transfection.
The plasmid CMV-mito-LAR-GECO1-2 was purchased from Addgene [plasmid 61245 (34) ] and has a reported k d for Ca 2+ of about 12 μM.
Mito_LAR-GECO1.2 and YFP fluorescence signals were viewed using a spinning disk upright microscope (Crisel Instruments) in wide-field acquisition with a 40× water objective (Olympus; N.A. 0.8). Imaging was performed using an excitation light produced by a 550/15-nm LED device (Lumencor) and filtered through a quad band filter (Dapi/Fitch/CY3/CY5). For imaging of YFP fluorescence, a 510/25-nm LED device (Lumencor) was used. MitoChR2(SSFO) opening was triggered using a 470-nm laser with pulses of different duration and irradiance (as described in Fig. 7B ). Mito_LAR-GECO1.2 signals were acquired 1 min following the photoactivation, to minimize the effect of the green light on the opening kinetics of mitoChR2(SSFO). Images were recorded every 2 s. During the experiments, cells were maintained in extracellular saline containing 1 mM CaCl 2 . Histamine (100 μM) was manually added to the bath where indicated.
Photoactivation and Irradiance Measurement. For photoactivation, the light sources were either LED arrays or laser devices, with an emitting peak of 460 to 480 nm at an intensity indicated in mW/mm 2 for activating the mitoChR2 constructs, and with an emitting peak of 590 nm at an intensity indicated in mW/mm 2 for mitoChR2(SSFO) closure. Light intensity was determined on the microscope stage before each experiment using a Thorlabs PM100D photometer. Light signals were temporally paced using a Master-8 device or by confocal software.
Ca
2+ Imaging with 4mtD3cpv. HeLa cells expressing mitochondria-targeted cameleon (4mtD3cpv) cotransfected with mitoChR2(SSFO)/void vector/ mitoChR2(Tr) were analyzed using a DM6000 inverted microscope (Leica) with a 40× oil objective (HCX Plan Apo, N.A. 1.25). Settings and conditions were as described (41) . Exposure time varied from 100 to 200 ms, depending on the intensity of the fluorescent signal of the cells analyzed. Images were acquired every 2 s. Cells were preilluminated to trigger mitoChR2(SSFO) opening by using a 460-nm LED (LED Engin; LZ1-10DB05 LED) for 10 s, and FRET measurements started 1 min after illumination.
Data are presented as ΔR/R 0 values (where ΔR is the change of the cpV/ CFP emission intensity ratio at any time and R 0 is the fluorescence emission ratio at time 0). ATP Measurement with AT 1.03. For glucose-dependent ATP measurements, Min-6 cells were cotransfected with mitoChR2(SSFO) and AT 1.03 probe, superfused intermittently with low (3 mM) and high (20 mM) glucosecontaining solutions as previously described (42, 43) , and excited with blue light pulses as indicated in Fig. 6B .
Aequorin Ca 2+ Measurements. Ca 2+ measurement in the cytosol or in mitochondria with targeted aequorin was carried out as described (44). In the indicated cases, cells were preilluminated to trigger mitoChR2(SSFO) opening by using a 460-nm LED (LED Engin; LZ1-10DB05 LED) for 10 s, and the aequorin measurements started 1 min after illumination. Forty-eight to 72 h after transfection, cells were detached and seeded to get a single monolayer on XF24 cell-culture microplates (Seahorse Bioscience) in 200 μL of high-glucose DMEM and incubated at 37°C in 5% CO 2 for 24 h in the presence of ATR. Thirty minutes before starting the experiments, the growth medium was replaced in each well with 670 μL of high-glucose DMEM. After an OCR baseline measurement, 1 μM oligomycin, 1 μM FCCP, 1 μM rotenone, and 1 μM antimycin A were sequentially added to each well. The analyzer's standard protocol was shortened to record basal respiration within 30 min from the flash of blue light. In each plate, half of the wells were kept in the dark, whereas half were illuminated for 10 s at 480 nm using a Dual Fluorescent Protein flashlight (NightSea). Data were obtained from four independent transfections and two or three replicates for each transfection. Data are expressed as the average of the basal respiration, calculated as OCR (pmol of O 2 per min) per million cells, normalized to nonpreilluminated controls (for details, see ref. 45).
Neonatal Rat Cardiomyocytes. Neonatal rat cardiomyocytes were prepared from ventricles of neonatal Wistar rats (0 to 2 d after birth) as described (46). The experiments were carried out 72 h after transfection and imaged using a DM6000 inverted microscope (Leica) with a 40× oil objective (HCX Plan Apo, N.A. 1.25). Contraction was monitored morphologically in bright field. To avoid the possibility that the contraction of neighboring cells could mask the effect of the single transfected cell, only isolated and beating cardiomyocytes expressing mitoChR2(SSFO)-YFP were analyzed.
FRAP Experiments for Mitochondrial Dynamics Experiments. FRAP experiments were carried out in HeLa cells upon transfection with the cDNA encoding Mito-YFP. Twenty-four hours after transfection, cells bathed in mKRB were illuminated on a Leica SP5 confocal system using a 100×/1.4 oil objective and an argon 458-nm laser line. Images were taken every 10 s (1 min for the prebleaching period; 4 min of bleaching; 5 min for the recovery period); 512-nm wavelength was used to excite and bleach Mito-YFP. The fluorescence intensity of the region of interest with background signal subtracted was normalized to that before bleaching (%F = F t /F 0 × 100), where F t is the fluorescence intensity recorded at any time and F 0 is the fluorescence intensity recorded before bleaching.
Statistical Analysis. All data are given as means ± SEM. Statistical analysis was performed using Origin (OriginLab Corporation) and assessed using a oneway ANOVA with Tukey's and Bonferroni post hoc tests and a P value of 0.05.
Materials. Proteinase K, trypan blue, alamethicin, histamine, ATP, and digitonin were purchased from Sigma-Aldrich, and CPA was from Calbiochem. All other materials were analytical or of the highest available grade.
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Tkatch et al. 10 .1073/pnas.1703623114 SI Materials and Methods Topology. In PM-localized ChR2, the C terminus (and thus the YFP tag) is known to face the cytoplasm. Accordingly, one would predict that in a functional IMM-localized channel the YFP tag should face the matrix. To determine whether indeed mitoChR2(SSFO)-YFP is localized in the IMM and with the correct topology, we carried out a sequential fluorescence quenching analysis as previously described (18) . HeLa cells coexpressing the YFPtagged mitoChR2(SSFO) and an OMM, N33D3cpv, or a matrix marker, 4mtD3cpv, were first treated with proteinase K (Fig. 2A) . No significant drop in fluorescent signal was observed in the intact cells, indicating that all of the YFP tags are protected by the PM. Permeabilization of the PM by digitonin in the presence of proteinase K was followed, as expected, by a disappearance of N33D3cpv fluorescence (18) , but neither the fluorescent signal of the matrix-localized 4mtD3cpv nor that of mitoChR2(SSFO)-YFP was affected. Similarly, trypan blue, a strong quenching agent for YFP that is permeable across the OMM, but not the IMM, had no effect on mitoChR2(SSFO)-YFP and 4mtD3cpv fluorescence. Finally, cells pretreated with digitonin were perfused with alamethicin, known to permeabilize both the OMM and IMM to high molecular weight solutes (19, 20) . The 4mtD3cpv-associated fluorescent signal was almost completely lost, as expected for a matrix-soluble protein (Fig. 2B ), but no change was observed in mitoChR2(SSFO)-YFP fluorescence, as predicted for a mitochondrial integral protein of the IMM. In the presence of alamethicin, however, trypan blue rapidly quenched mitoChR2(SSFO)-YFP fluorescence (Fig. 2C) . Taken together, the above experiments indicate that (i) mitoChR2 is targeted exclusively to the IMM and does not reach the PM, and (ii) the YFP tag of these two constructs is neither exposed to the cytosolic surface of the OMM nor to the intermembrane space.
Aequorin Ca 2+ Measurement. To strengthen and extend data about optogenetic control of mitochondrial Ca 2+ uptake, we cotransfected mitoChR2(SSFO)-YFP, mitoChR2(SSFO), and mitoChR2(Tr) with mt-aequorin (or cyt-aequorin) to monitor the effect of channel opening on mitochondrial Ca 2+ in a cell population. The data of It is noteworthy that the average mitochondrial Ca 2+ peaks of control cells with or without preillumination are indistinguishable (Fig. S8B) , indicating that blue light is not inducing phototoxicity.
Given that aequorin is a chemiluminescent protein and emits light at 460 nm upon a rise in Ca 2+ levels, the prediction is that the light emitted, locally, by aequorin during the Ca 2+ rise may be sufficient in itself to open the channel and thus reduce the amplitude of the mitochondrial Ca 2+ rise. Indeed, the data of Fig.  S8C confirm that this is the case, namely that the peak amplitude of the mitochondrial Ca 2+ rise even without preillumination was significantly diminished in cells expressing mitoChR2(SSFO)-YFP compared with controls. To confirm that the reduction is not due to an intrinsic toxicity due to channel expression but depends on the depolarization induced by mitoChR2(SSFO) opening, we induced a much smaller Ca 2+ rise in mitochondria by activating capacitative Ca 2+ entry (CCE) (47). Given that the aequorin light emission is not linearly but exponentially related to Ca 2+ concentration, for a 10-fold reduction in the Ca 2+ peak (as for CCE compared with a mix of stimuli) the reduction in light emitted is over 100-fold (Fig. S8D) . As expected, thus, the peak amplitude of the mitochondrial Ca 2+ rise due to CCE was indistinguishable in mitoChR2-YFP-expressing cells compared with controls, indicating that under these conditions the aequorinemitted light is insufficient to significantly open the channel (Fig. S8E) . Moreover, the cytosolic Ca 2+ peak was induced by stimulation with the mix of stimuli (Fig. S8F) or through CCE induction (Fig. S8G) . No differences between control cells and cells expressing mitoChR2(SSFO) were observed, corroborating the observation that no significant toxicity is caused by mitoChR2(SSFO) expression.
These results not only confirm the efficacy of mitoChR2(SSFO) in controlling mitochondrial Ca 2+ uptake in a cell population but also demonstrate that the YFP-tagged and untagged ChR2 versions are indistinguishable and not toxic. 2 ) and stained with PI 30 min after photoactivation. Data are presented as mean ± SEM (C). No difference in the number of dead cells was observed (n > 70) in cells expressing mitoChR2(SSFO) compared with mitoChR2(Tr). NS, not significant. In control vector transfected cells (D), current pulses delivered via the somatic patch pipette elicited either hyperpolarization or repetitive firing, which is similar to those in mitoChR2(SSFO)-expressing neurons (Fig. 1C) . . 3A) ; n > 17 cells for each condition. Data are presented as mean ± SEM. **P < 0.01, ***P < 0.001. NS, not significant. 
